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Abstract

The last decade has radically renewed our understanding of higher
order chromatin folding in the eukaryotic nucleus. As a result,
most current models are in support of a mostly hierarchical and
relatively stable folding of chromosomes dividing chromosomal
territories into A- (active) and B- (inactive) compartments, which
are then further partitioned into topologically associating domains
(TADs), each of which is made up from multiple loops stabilized
mainly by the CTCF and cohesin chromatin-binding complexes.
Nonetheless, the structure-to-function relationship of eukaryotic
genomes is still not well understood. Here, we focus on recent
work highlighting the biophysical and regulatory forces that
contribute to the spatial organization of genomes, and we propose
that the various conformations that chromatin assumes are not so
much the result of a linear hierarchy, but rather of both converg-
ing and conflicting dynamic forces that act on it.
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Introduction

Chromatin in interphase nuclei is now understood to be spatially

arranged in a multitude of loops (Dekker and Mirny, 2016; Knoch

et al, 2016). However, the concept of chromatin looping is a rather

old one: starting with spreads of “lampbrush” chromosomes from

sperm (Gall & Murphy, 1998) and extending to interphase human

cells (where the average “loop” length was estimated at ~ 86 kbp;

Jackson et al, 1990).

In 2009, the development of Hi-C, a whole-genome variant of the

chromosome conformation capture (3C) approach, allowed a

reassessment of chromatin architecture at 1-Mbp resolution

(Lieberman-Aiden et al, 2009). This revealed that chromosomal

arms fold into alternating A- (mostly transcriptionally active) and B-

compartments (mostly inactive), which often preferentially interact

with other compartments of the same type. This seminal study was

followed by numerous others providing increasingly higher resolu-

tion views of spatial chromatin architecture. This way, sub-Mbp

domains harboring genomic segments that contact one another

more frequently than segments in adjacent domains were uncovered

and named “topologically associating domains” (TADs; Dixon et al,

2012; Nora et al, 2012; Sexton et al, 2012). Finally, even higher,

sub-kilobase, resolution Hi-C experiments in human and mouse

cells (Rao et al, 2014; Bonev et al, 2017) identified multiple “contact

domains” at the sub-TAD scale (185 kbp in size, on average). For

approximately half of these contact domains, their boundaries

almost exclusively showed strong looping between CTCF-bound

sites of convergent orientation (Rao et al, 2014). However, it should

be noted that, in addition to the variable Hi-C resolution in these

studies, the different algorithms used to identify TADs (e.g., “direc-

tionality index” in Dixon et al, 2012) or contact domains

(“arrowhead” in Rao et al, 2014) could also explain some of the

reported divergence in domain size and boundary composition.

Regardless, it is also important to consider that CTCF proteins only

display dimerization potential in yeast-two-hybrid assays (Yusufzai

et al, 2004), so additional partners would be required to stabilize

such conformations. Thus, CTCF loops are stabilized by co-bound

cohesin complexes (Wendt et al, 2008; Rao et al, 2014) and facili-

tate interactions among genes and their cognate cis-regulatory

elements (Rao et al, 2014; Bonev et al, 2017). It is worth noting

here that, although such “architectural” loops are often conserved

between cell types (even between syntenic regions of different

species), at the single-cell level, they appear dynamic and highly

variable (Hansen et al, 2017; Stevens et al, 2017). In addition, some

CTCF loops are not constitutive, but rather cell type-specific. This

“dynamic” subset might involve several and non-mutually exclusive

mechanisms, such as: (i) tissue-specific binding of CTCF mediated

by cell type-specific epigenetic modifications or transcription factors

(Wang et al, 2012; Behera et al, 2018) and (ii) constitutively bound

CTCF sites engaging into tissue-specific interactions due to the

action of additional “looping” co-factors (Phillips-Cremins et al,

2013; Huang et al, 2018).

On the basis of this new knowledge, whole-genome conforma-

tion studies have been used to decipher how development or devel-

opmental disease (Dixon et al, 2015; Fraser et al, 2015; Lupiáñez
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et al, 2015; Franke et al, 2016; Bonev et al, 2017), cancer (Flavahan

et al, 2016; Taberlay et al, 2016; Hnisz et al, 2017; Wu et al, 2017),

DNA damage (Aymard et al, 2017; Canela et al, 2017), cellular

aging (Criscione et al, 2016), and genetic variation (Javierre et al,

2016) impact on the structure and function of the genome. Needless

to say that the advent of 3C technology (see overview in Denker &

de Laat, 2016) has also provided insights into the higher order

genomic organization of bacteria (e.g., Le & Laub, 2016; Lioy et al,

2018), fungi (e.g., Mizuguchi et al, 2014; Kim et al, 2017; Tanizawa

et al, 2017), nematodes (e.g., Crane et al, 2015), the Plasmodium

falciparum parasite (Ay et al, 2014), and plants (e.g., Dong et al,

2017). It is noteworthy that A-/B-compartments and TAD-like struc-

tures can largely be identified across all organisms investigated to

date.

Here, in light of recent data on perturbations of key architectural

protein factors, on Hi-C studies in single cells, and on computational

modeling of 3D genome architecture, we surmise that a linear hier-

archical model might not faithfully describe the complexity behind

the multi-layered architecture of eukaryotic genomes, and then

discuss how chromatin identity and chromatin-binding factors, tran-

scriptional activity, and entropy may act as converging or opposing

forces governing chromatin looping, phase separation, and func-

tional genomic output.

Topologically associating domains and their boundaries as
“building blocks” of the genome

TADs were originally defined on the basis of 40-kbp resolution Hi-C

maps, and this showed an average of ~ 3,000 such insulated

domains in each of the various mammalian cell types tested (Dixon

et al, 2012, 2015). The key functional attribute that follows the exis-

tence of TADs is that they facilitate spatial interactions of sequences

within the domain, namely between gene promoters and cognate

enhancers, while simultaneously insulating those sequences from

spurious interactions with genomic segments outside the TAD (Sym-

mons et al, 2014, 2016). Nonetheless, due to the fact that TAD detec-

tion is sensitive to the combination of the data resolution and

algorithm used, their biological significance and robustness has been

debated. However, four independent lines of evidence have emerged

that validate TADs as true functional entities. First, multi-scale

computational interrogation of TADs and their insulation potential in

Hi-C data showed that they represent a distinct functionally privi-

leged scale of organization arising from their ability to partition inter-

actions (Zhan et al, 2017). Second, a crosslinking-free 3C approach,

i3C, showed that the topological restrictions imposed by TADs hold

true natively in mammalian nuclei (Brant et al, 2016). Third, the

deterioration or duplication of TAD boundaries in vivo led to obvious

ectopic interactions and gene misexpression (Lupiáñez et al, 2015;

Franke et al, 2016; Hnisz et al, 2016; Narendra et al, 2016). Fourth,

insulation at TAD boundaries is markedly affected upon loss of struc-

tural proteins previously proposed to control their establishment

(i.e., CTCF, cohesin; Zuin et al, 2014; Haarhuis et al, 2017; Nora

et al, 2017; Rao et al, 2017; Schwarzer et al, 2017).

Overall, the most striking finding with respect to TADs has been

their apparent robustness when comparing boundary positions

between species and/or conditions. For instance, upon stem cell dif-

ferentiation (Dixon et al, 2015; Fraser et al, 2015), reprogramming

(Beagan et al, 2016; Krijger et al, 2016), or cytokine stimulation (Jin

et al, 2013; Le Dily et al, 2014), TADs exhibit only limited changes

(e.g., ~ 11% shifted at least one boundary upon treatment with

TNFa). Nevertheless, this limited variation in TAD boundaries can

be associated with expression changes in key cell identity genes

(Bonev et al, 2017; Stadhouders et al, 2018) and in “compartment

switching” (Fraser et al, 2015) illustrating again the importance of

TAD-imposed topological restrictions in gene expression control.

Similarly, comparative analysis of Hi-C data from four mammals

revealed that the partitioning of chromosomes into TADs is

conserved once syntenic regions are considered. This conservation

coincides with the presence of conserved CTCF/cohesin-binding

sites (Vietri Rudan et al, 2015), which is remarkable considering

how transcription factors typically display species-specific binding

even when the underlying sequences are conserved (Schmidt et al,

2010) and probably indicates the functional relevance of these

CTCF/cohesin-bound sites. Given that evolutionary divergence of

higher order structure in vertebrates is associated with changes in

the well-insulated TADs harboring developmental loci (Chambers

et al, 2013; Acemel et al, 2016; Guerreiro et al, 2016), the composi-

tion of TAD boundaries becomes a critical component. This begs the

question: What stabilizes TADs as “meta-stable” formations, and

how is their insulator potential realized?

Initially, ~ 10% of TADs identified in mammals were bound by

CTCF (see Dixon et al, 2012, 2015). Hi-C studies of increasingly

higher resolution, also coupled to targeted degradation of CTCF,

have revealed a larger fraction of TAD boundaries bound and/or

reliant on CTCF (Rao et al, 2014; Nora et al, 2017). Nonetheless, a

comparable number of TAD boundaries appear to be CTCF-indepen-

dent and are instead demarcated by active RNA polymerases, tran-

scriptional activators, nascent RNA, and/or by transitions in

chromatin states/compartments (Dixon et al, 2012; Rao et al, 2014;

Bailey et al, 2015; Bonev et al, 2017; Nora et al, 2017). In addition,

boundaries where CTCF co-associates with bound topoisomerase II

(Uusküla-Reimand et al, 2016), RUNX1 (Barutcu et al, 2016), BRD2

(Hsu et al, 2017), YY1 (Beagan et al, 2017; Weintraub et al, 2017),

or the nuclear matrix protein HNRNPU (Fan et al, 2017) have now

also been uncovered. Along the same lines, TAD boundaries in the

fruit fly are less likely to be marked by insulators like dCTCF, BEAF,

and Su(Hw), and more likely to harbor constitutively active loci

(Ulianov et al, 2016; Rowley et al, 2017) and to coincide with tran-

sitions between A- and B-compartments (Rowley et al, 2017). TAD

formation coincides spatially and temporally with transcriptional

activation of the genome either following heat shock recovery (Li

et al, 2015) or zygotic genome activation (Hug et al, 2017) in fruit-

flies. In fact, use of transcriptional inhibitors in Drosophila embryos

results in loss of insulation at TAD boundaries commensurate with

the loss of bound RNA polymerase; assuming inhibitors work effi-

ciently, engagement of a gene TSS with the polymerase (and not

transcriptional elongation) suffices to already confer a “boundary-

like” insulation effect (Hug et al, 2017). Equally, domain boundaries

might not directly involve bound RNA polymerase or transcriptional

activity, but rather arise due to spatial segregation between active

and inactive chromatin compartments (Rowley et al, 2017). Never-

theless, the close relationship between transcription and chromatin

architecture is well illustrated in studies where transcriptional data

sufficed for correctly predicting 3D genome folding (Rowley et al,

2017; Rennie et al, 2018).
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Along the same lines, numerous organisms lack orthologues of

CTCF, but do exhibit insulated TAD-like domains in Hi-C experi-

ments; these include Caenorhabditis elegans (Crane et al, 2015),

Arabidopsis thaliana (Dong et al, 2017), Schizosaccharomyces

pombe (Mizuguchi et al, 2014), or Caulobacter crescentus and

Escherichia coli (Le & Laub, 2016; Lioy et al, 2018). For example, in

an elegant genome editing experiment, insertion of the strongly

expressed rsaA bacterial gene in the middle of another TAD gave

rise to a novel boundary, the strength of which was progressively

diminished as the transcribed sequence of the inserted gene was

shortened (Le & Laub, 2016). Nonetheless, examples have now also

been described of (predominantly developmental) loci where tran-

scriptional engagement does not suffice to generate a boundary

(Bonev et al, 2017), or where changes in insulation precede tran-

scriptional changes but are concomitant with chromatin state

remodeling (Stadhouders et al, 2018). Finally, a notable exception

to the above is the transcriptionally inert mammalian zygote, where

TADs and “architectural” loops, but not compartments, could be

detected in maternal chromatin (Flyamer et al, 2017) and perhaps

emerge concomitantly with DNA replication (Ke et al, 2017). This

last remark is in line with a single-cell Hi-C study of the cell cycle in

haploid ES cells. Therein, chromatin loops appear relatively stable

throughout the cell cycle, but TAD boundaries weaken after the G1

phase, and give way to increasing compartmentalization that peaks

just before mitosis (Nagano et al, 2017).

Taken together, although TADs seem to represent universal

blocks of genome organization, the preponderant mechanisms

involved in their establishment and maintenance seem to have

gained in complexity during evolution, with transcriptional activity,

inactivity, and the associated chromatin/compartment states being

decisive contributors to genomic partitioning. Nonetheless, the dif-

ferent insulation mechanisms found in different organisms (e.g., the

presence of multiple bona fide insulators in Drosophila compared to

the pervasiveness of CTCF in mammals; Rowley et al, 2017) might

be related to changes in genome size. Smaller genomes, in which

genes and their cognate regulatory elements tend to be closer

together (like the fruit fly), display topological domains determined

by transcriptional/chromatin state and local, short-range, insulation;

larger genomes (e.g., mouse, human), in which regulatory elements

may be positioned Mbp away from their target genes, contain CTCF-

dependent boundaries that enable mixing of loci displaying different

chromatin/compartment states and thus facilitate the establishment

of long-range interactions while insulating them from flanking TADs

(Symmons et al, 2016; Nora et al, 2017; Rowley et al, 2017).

CTCF and cohesin in insulation, loop formation, and
long-range contact facilitation

High-resolution Hi-C analyses in mammals have decisively related

the presence of CTCF and cohesin complexes at the bases of chro-

matin loops both at TAD boundaries and within TADs themselves

(e.g., Rao et al, 2014; Bonev et al, 2017). First, precision genome

editing studies showed that looping does require convergently posi-

tioned pairs of CTCF-bound sites (Guo et al, 2015; de Wit et al,

2015). Then, systems for auxin-mediated protein degradation were

employed to acutely and reversibly deplete CTCF and cohesin, thus

enabling an evaluation of their regulatory role and their direct

impact on 3D chromatin organization while avoiding problems asso-

ciated with either their partial depletion (e.g., siRNA) or constitutive

loss (i.e., secondary effects).

The rapid degradation of CTCF in (dividing) mouse ES cells and

in (non-dividing) astrocytes led to a gradient of insulation loss at

~ 80% of TAD boundaries (with the highly insulated developmental

loci being primarily affected), as well as to a loss of looping between

CTCF/cohesin sites (Nora et al, 2017). In a parallel study of the

same mESC system, far less dramatic effects on TAD insulation were

observed (albeit with somewhat lower CTCF degradation efficiency;

Preprint: Kubo et al, 2017). Nonetheless, effects in either study were

fully reversible once degradation was attenuated, and A/B-compart-

mentalization was only mildly affected in either cell type. This is

indicative of TAD formation and compartmentalization representing

two independent mechanisms of chromatin folding, with only the

former being CTCF-dependent in mammals. The loss of CTCF and,

consequently of many insulation boundaries, did not have an imme-

diate impact on gene expression (370 genes were differentially

expressed after 1 day of auxin treatment). Although the larger gene

expression changes observed at later CTCF depletion times could

arise due to secondary effects, some of them could still be directly

mediated by CTCF but required more time to fully manifest. Imme-

diate gene downregulation was mostly observed at genes having

CTCF bound at promoter-proximal regions that were not typically

found at TAD boundaries. In contrast, immediate gene upregulation

was mainly observed for genes that CTCF was predicted to insulate

from enhancers located in neighboring TADs. Therefore, as regards

TADs, CTCF function seems to be particularly important for insula-

tion from spurious gene–enhancer interactions, while its role in the

maintenance of gene expression (e.g., in facilitating long-range

gene–enhancer interactions) does not appear to be equally critical.

Still, deleting the CTCF-dense and evolutionarily conserved TAD

boundary at the Firre locus did not alter local insulation, in contrast

to deletion of Firre itself, suggesting that additional mechanisms

may act to confer insulation between consecutive TADs (Barutcu

et al, 2018).

Similar auxin-mediated degradation or conditional genetic dele-

tions of different subunits of the cohesin complex (SMC1A, WAPL,

NIPBL, or PDS5) in vivo and in vitro were also performed recently.

All converged to the same result: Quantitative elimination of nearly

all DNA-bound cohesin complexes leads to the loss of essentially all

“contact domains” that relied on CTCF and cohesin (Haarhuis et al,

2017; Rao et al, 2017; Schwarzer et al, 2017; Wutz et al, 2017).

However, not all chromatin contacts were eliminated: Interactions

reminiscent of A-/B-compartmentalization were strongly accentu-

ated (Fig 1). Moreover, the acute loss of “contact domains” stabi-

lized by CTCF and cohesin had minor (within 6 h of auxin

treatment) effects on gene expression (e.g., < 70 genes changed

more than twofold in cells where all SMC1A was degraded; Rao

et al, 2017). Upon permanent loss of the cohesin complex (via Nipbl

deletion in mouse liver), gene expression changes were more

profound (~ 1,000 genes), but still moderate considering the overall

effect on TAD organization. Both up- and downregulation of genes

were observed, mostly as a result of ectopic enhancer–gene interac-

tions and loss of long-range gene–enhancer communication, respec-

tively. Nevertheless, as the majority of liver genes did not change

their expression levels even after this prolonged loss of cohesin,

additional mechanisms might be invoked to ensure gene expression
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homeostasis. For example, enhancer “hijacking” effects might be

minimized by gene–enhancer incompatibilities, by compartmental-

ization (i.e., by spatial segregation of loci of different chromatin

states, like inactive promoters contacting active enhancers), or by

CTCF-dependent but cohesin-independent insulation. Similarly,

although cohesin and TADs may facilitate the establishment of long-

range enhancer–gene interactions, these might still occur at most

genes on the basis of additional non-mutually exclusive mechanisms

(e.g., via YY1 or compartmentalization), thus enabling gene expres-

sion homeostasis and interaction specificity. One possibility is that

the topological restrictions imposed by cohesin and TADs might be

particularly important in the induction, rather than in the mainte-

nance, of gene expression—i.e., they may mostly act to facilitate

“first-time” promoter–enhancer encounters.

As the increased compartmentalization observed upon cohesin

loss is not seen once CTCF is depleted, one can deduce that the

cohesin complex might be sufficient to counteract excessive

compartmentalization and thus, dictate communication between

loci. Upon knockout of the WAPL cohesin-release factor for exam-

ple, enlargement of chromatin loops is strongly affected (Haarhuis

et al, 2017). This, and similar results, begs the question: How might

the contribution of cohesin to interphase chromatin folding be

explained and reconciled with dynamic loop length? The currently

most discussed model is that of “loop extrusion”, which had been

previously proposed (Nasmyth, 2011) and has now been repurposed

to apply to the formation of “contact domains” (Fudenberg et al,

2016; Gassler et al, 2017). Although it remains unclear whether one

or two cohesin rings are required to bring together two chromatin

segments, the idea is that loops enlarge as the cohesin complex

progress along the fiber (until it meets a physical barrier, which in

many cases will involve CTCFs bound on either fiber). Hence, loop

extrusion would require either a motor on cohesin itself or on some

other chromatin-bound factor. Cohesin does possess an ATPase

domain (Nasmyth, 2011), which may be able to take up this role

(just like the yeast condensin motor that extrudes DNA asymmetri-

cally and is therefore incompatible with current loop extrusion

models; Ganji et al, 2018). Another possibility would be the most

processive RNA polymerase, which in the ~ 22 min that cohesin

remains bound to DNA could extrude loops up to 875 kbp in length

(assuming an average speed of 3.5 kbp/min; Wada et al, 2009).

This possibility would also be in agreement with cohesin positioning

being regulated by the very act of transcription (Busslinger et al,

2017) and its ensuing supercoiling (Racko et al, 2018), as well as by

the increased mobility of genes and enhancers once they transition

from an inactive to an active state (Gu et al, 2018). More recently, a

model was proposed whereby simple diffusion, biased by multiple

cohesin loading events at the same loading site, might be sufficient

for loop extrusion and its prolongation (to explain Mbp-long loops;

Brackley et al, 2018). This diffusion model can, at least in part,

address the question of how cohesin also accumulates at the bound-

aries of TADs harboring inactive genes (e.g., Polycomb targets).

Still, despite all these new insights on CTCF/cohesin-mediated

loops in mammalian genomes, the question remaining open is as

follows: Which are the driving forces behind the extensive and

complex patterns of contacts revealed once cohesin and/or CTCF

are depleted from cell nuclei? For example, most active genes,

including cell type-specific ones, do not seem to be severely affected

by either CTCF or cohesin depletion, indicating that gene–enhancer

interactions overall persist. Similarly, transcriptionally inert parts of

the genome, in both facultative and constitutive heterochromatin,

remain largely inactive and do not spread into active ones upon loss

of CTCF or cohesin. Interestingly, both CTCF and cohesin display

long residence times of on DNA (~ 2 and ~ 22 min, respectively)

and different search times when unbound (CTCF rapidly rebinds

Active

Inactive

TADs/insulation CompartmentalizationWild type Without cohesin

Domain types

TAD 1

TAD 2

TAD 3

Active Repressed Inert

TADs/insulation

Compartmentalization
©
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Figure 1. Insulated topological domains versus compartments.
Typical Hi-C maps (“wild type”) reveal alternating topological domains (TADs; red) that insulate the chromatin domains each TAD contains from domains in neighboring TADs.
Once members of the cohesin complex are depleted from cells, Hi-C maps (“without cohesin”) are dominated by contacts between compartments that exhibit the propensity
to interact with one another on the basis of their transcriptionally active or repressed/inert identity.
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within ~ 1 min, while cohesin requires > 30 min; Hansen et al,

2017), which hints toward divergent dynamics impinging on chro-

matin folding. Hence, we discuss below some of the mechanisms

that contribute to chromatin topology independently of (or in paral-

lel to) CTCF/cohesin.

Heterochromatinization as a compartmentalization force

Facultative heterochromatin spreads along a substantial part of

eukaryotic chromosomes, and Polycomb group (PcG) proteins form

multiprotein complexes (on the basis of PRC1 and PRC2) that play

essential roles during development due to their capacity to modify

chromatin and repress gene expression. Critically, PcG complexes

form nuclear compartments that vary in size and number and have

been referred to as PcG bodies or foci (Cheutin & Cavalli, 2012;

Wani et al, 2016). Most recently, 3C-based studies revealed that

these PcG bodies most likely represent PcG-bound loci interacting

both in cis and in trans, and residing in spatial proximity (Denholtz

et al, 2013; Joshi et al, 2015; Schoenfelder et al, 2015; Cruz-Molina

et al, 2017; Eagen et al, 2017; Kundu et al, 2017). Also, “chromoso-

mal walks” permitting identification of multi-way (and not just pair-

wise) contacts showed that the Polycomb-bound Hox domains fold

into larger hubs (Olivares-Chauvet et al, 2016). These highlight that

PcG complexes are strong mediators of chromatin interactions and,

thus, of nuclear architecture. Interestingly, the folding and compact-

ing properties of Polycomb-bound chromatin appear to be unique

compared to other chromatin compartments, but also variable

between cell types. For example, Drosophila Polycomb domains

exhibit the densest packing, which also increases commensurate to

the length of the corresponding domain. They strongly segregate

from their neighboring active domains and display disparate self-

organization properties to both euchromatin and constitutive hete-

rochromatin (Boettiger et al, 2016). In mammals, Polycomb-bound

chromatin segregates into specific sub-compartment and typically

occupies central nuclear positions (i.e., does not associate with the

lamina), again supporting distinct folding principles compared to

active and constitutively inactive chromatin (Rao et al, 2014; Vieux-

Rochas et al, 2015). Furthermore, during mouse ESC differentiation

into cortical neurons, Polycomb-bound chromatin switches from the

A- to the B-compartment—which is accompanied by a strong loss of

PRC1 binding and cis- and trans-interactions between Polycomb-

bound loci (Bonev et al, 2017) and suggests a transition to a

constitutive heterochromatic state. Congruently, poised enhancers

and bivalent genes marked by H3K27me3 in ESCs establish local

spatial interactions that confer a permissive regulatory topology to

certain developmental loci to ensure ensuing activation upon

differentiation (Cruz-Molina et al, 2017). Overall, long-range

interactions between Polycomb-bound loci appear more prevalent

in mouse stem cells and undifferentiated progenitors than in

non-dividing and fully differentiated cells (Joshi et al, 2015;

Schoenfelder et al, 2015; Vieux-Rochas et al, 2015). These long-

range interactions might act to repress developmental genes, while

keeping them in accessible nuclear compartments (i.e., central

nuclear locations), permissive for activation upon appropriate cues

(Vieux-Rochas et al, 2015). Thus, the structural and functional

properties of Polycomb-bound chromatin might differ among

species and cell types.

Upon heat shock, Drosophila nuclei undergo a dramatic reorga-

nization at both the TAD and intra-TAD levels. Numerous deacti-

vated genes form strong interactions with other deactivated genes

and enhancer elements now marked by Polycomb (Li et al, 2015).

This suggests that this “spatial decommissioning” is not only a

driving force of genomic reorganization, but also one that acts to

preserve potentially functional enhancer–gene interactions in antic-

ipation of an ensuing reactivation signal. So, what are the molecu-

lar mechanisms that enable PcG-bound chromatin to acquire its

unique and apparently relevant topological features? First of all,

both cis- and trans-interactions between PcG-bound loci seem to

be fully dependent on the presence of intact PRC1 and PRC2

complexes (Joshi et al, 2015; Schoenfelder et al, 2015; Cruz-Molina

et al, 2017). PRC1 might be the main mediator of these interac-

tions (Schoenfelder et al, 2015; Bonev et al, 2017), while PRC2

might be required to efficiently recruit PRC1 to its target regions

(Joshi et al, 2015). More specifically, once recruited to its genomic

targets, the PRC1 “polyhomeotic” subunits can mediate both local

and long-range interactions between PcG-bound loci due to multi-

merization via their sterile alpha motif (SAM) domains (Isono

et al, 2013; Wani et al, 2016). Additional multivalent interactions

between PRC1 and PRC2 subunits, as well as with nearby nucleo-

somes, help compact chromatin and further stabilize the associa-

tions between PcG-bound loci (Grau et al, 2011; Blackledge et al,

2014), ultimately resulting in the formation of discrete nuclear PcG

bodies (Fig 2). Interestingly, the repressive identity of H3K27me3-

marked genomic regions can be robustly reversed by Polycomb

clearance initiated by and dependent on distal enhancers (Saxena

et al, 2018), probably due to the action of H3K27me3 demethy-

lases, as well as the inhibitory role of nascent RNA on PcG binding

and/or activity (Beltran et al, 2016). This shows how the two

states, active and Polycomb-inactive, dynamically compete for

nucleating active or inactive micro-compartments that spatially

segregate chromatin in eukaryotic nuclei.

Along the same lines, constitutive heterochromatin produces

spatially distinct “phase-separated” micro-compartments in

mammalian nuclei, where inactive sequences cluster (Larson et al,

2017; Strom et al, 2017). The structural basis for this is the biva-

lency of HP1a that allows this protein to simultaneously interact

with two nucleosomes, which together with the dimerization capac-

ity of HP1a results in a high local concentration of HP1a proteins

clustering heterochromatic regions together (Fig 2). In light of the

capacity of PcG complexes to polymerize and establish multivalent

interactions (including some mediated by low sequence complexity

domains), it is then tempting to speculate that PcG bodies might

also represent micro-compartments formed by phase separation

(Isono et al, 2013; Wani et al, 2016). However, there are some clear

differences between constitutive heterochromatin (marked by HP1a
and H3K9me3) and PcG compartments: Polycomb-bound loci can

form clusters involving frequent and robust trans-interactions (Joshi

et al, 2015; Schoenfelder et al, 2015; Vieux-Rochas et al, 2015;

Bonev et al, 2017), while constitutively heterochromatic loci display

considerably less spatial clustering and long-range interactions

(Beagrie et al, 2017; Stevens et al, 2017). This is also in line with

their frequent association with the lamina at the nuclear periphery.

The overall differences between Polycomb-bound and constitutive

heterochromatin are well illustrated by experiments where tethering

of EZH2- or SUV39H1-binding platforms within an active TAD leads
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to the establishment of new spatial contacts only with other EZH2-

or SUVE39H1-bound regions, respectively (Wijchers et al, 2016).

Transcription as a looping force

Does transcriptional activity also drive looping and spatial clustering

of genomic loci like Polycomb or HP1a proteins and would this be

through either phase separation (Hnisz et al, 2017) or some analo-

gous mechanism? The majority of 3C-based studies performed to

date are in support of widespread interactions among gene promot-

ers and cis-regulatory elements. For example, in contact maps from

numerous primary human tissues and cell types, a subset of regions

rich in strong enhancer clusters (“LCRs/super-enhancers”) and

active genes were seen interacting unusually frequently. These co-

interacting regions, called “FIREs”, display tissue specificity, only

partially involve CTCF and cohesin binding, and are thus central to

the conformation of the active compartment in the different cell

types (Schmitt et al, 2016; Thibodeau et al, 2017). This finding was

confirmed by an orthogonal, ligation-free, approach called GAM

(“genome architecture mapping”; Beagrie et al, 2017). In GAM data

from mouse ES cells, which also permits for multi-way contacts to be

identified, the most prominent contacts involved super-enhancers

and active genes. The formation of such clusters has also been

observed for sequences bound by pluripotency transcription factors

(both in cis and in trans; de Wit et al, 2013) or carrying differen-

tially activated tRNA genes during macrophage differentiation (van

Bortle et al, 2017). Such transcription “hubs” or “factories” are

known nucleoplasmic entities, with a ~ 1,000-fold local increase in

RNA polymerase concentration, that remain stable over hours

(Kimura et al, 2002; Ghamari et al, 2013), and harbor numerous

loops around them (see Papantonis & Cook, 2013 for a review). For

instance, ChIA-PET experiments focusing on contacts made by

active RNA polymerase II have unveiled an emerging theme in 3D

genomic architecture: preferential spatial associations between co-

transcribed and co-regulated genes in response to signaling (Li et al,

2012; Papantonis et al, 2012). Similarly, a subset of promoter–

promoter interactions exerting unidirectional regulatory activity on

one another (Dao et al, 2017), and enhancers that follow transcrib-

ing RNA polymerases along gene bodies to form dynamic spatial

configurations (Larkin et al, 2012; Lee et al, 2015). Thus, it is

tempting to speculate that chromatin compartments with different

transcriptional activity might display different and tunable degrees

of “phase separation” (Hnisz et al, 2017), depending on the type,

strength, and dynamics of the physical interactions in each compart-

ment (Fig 2). However, biophysical evidence supporting liquid

phase separation of transcriptionally active domains remains sparse

(Preprint: Hilbert et al, 2017) and their formation might not neces-

sarily involve such separation.

The formation of such phase-separated transcriptionally active

compartments on the basis of chromatin interactions and high local

concentrations of RNA, transcription factors, and the relevant

machinery is exemplified by the nucleolus. In computational

models, spatial associations among repetitive rDNA loci aided by

multimeric binding of UBF suffice to give rise to a single nucleolar

compartment—and this model was experimentally validated in

yeast (Grob et al, 2014; Hult et al, 2017). At a smaller scale, the

formation of “histone locus bodies” in the fruit fly (Salzler et al,

2013) or histone gene factories in human cells (Li et al, 2012) occurs

(and also ectopically) only when they are transcriptionally active

and insulated from surrounding domains. Recently, enhancer–

promoter interactions and higher order compartmentalization,

1

2

3

4

Transcriptionally
active

Polycomb
compartment

Constitutive
heterochromatin

Lamin-
associated

regions

Active/
dynamic

Inert/
static

Repressed/
intermediate

Degrees of phase separationNucleus

Chromosomal
territories 1 2 3 4

Nuclear membrane

©
 E

M
B

O

Figure 2. Chromatin identities and phase separation shape the 3D genome.
Chromosomes occupy distinct territories in the cell nucleus (left), and each such territory is partitioned into sub-Mbp domains. Transcriptionally active ones aremost dynamic
and are brought about by the interplay of chromatin with RNA polymerases, transcription factors (e.g., YY1 or AP-1), and chromatin-modifying enzymes (e.g., Trithorax).
Transcriptionally inert loci in constitutive heterochromatin are the least dynamic and most strongly phase-separated, and arise via interactions with the lamina and with
heterochromatic factors (e.g., HP1a). Repressed loci form “Polycomb bodies/compartments”, which display intermediate dynamics and form on the basis of interactions with
the PRC1/2 complexes.
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driven by non-coding transcription in T cells or by BAF complexes

interacting with EWS-FLI1 in cancer cells, were proposed to instruct

phase transition and organize chromatin (Boulay et al, 2017), albeit

that this was not formally demonstrated. Also, small chromosomal

segments spatially cluster with other segments of the same chro-

matin class (van de Werken et al, 2017), and transcriptional initia-

tion at a tagged locus resulted in its spatial confinement, maintained

even when transcriptional elongation was inhibited (Germier et al,

2017). Thus, in addition to modeling of the non-specific, entropy-

based, “depletion attraction” mechanism that can explain clustering

of DNA-bound RNA polymerases and transcription factors to stabi-

lize loops (Marenduzzo et al, 2006), these data advocate in favor of

an assembly of transcriptional “hubs” or “factories” where loops

among active genes and regulatory elements are located. We

propose that this applies across active loci and explains fine-scale A-

compartments and enhancer–gene communication both within and

across TADs. Evidence supporting MLL/Trithorax complexes, asso-

ciated histone modifications, and transcription factors as mediators

of such phase transition is now emerging (Bonev et al, 2017;

Weintraub et al, 2017; Yan et al, 2018; Huang et al, 2018; Rennie

et al, 2018). Importantly, rather than being necessary for the estab-

lishment of these active compartments and the interactions therein,

cohesin might either play a secondary role or even act to oppose

them (Rao et al, 2017; Schwarzer et al, 2017).

The correlation between transcription and loop formation had

already been evidenced by supercoils disappearing upon maturation

of erythroblasts into transcriptionally inert erythrocytes (Cook &

Brazell, 1976). In Drosophila, chromosomal segments recovering

from heat shock nucleate the 3D organization of the whole genome

upon transcriptional activation, and the transcriptional state of

“compartmental domains” faithfully predicts steady-state contacts

seen by Hi-C (Li et al, 2015; Rowley et al, 2017). At the same time,

obvious correlation between co-expression domains or transcrip-

tionally active repetitive elements and spatial genome organization

has also been documented across mammalian cell types (Cournac

et al, 2016; Belyaeva et al, 2017; Soler-Oliva et al, 2017), while

interactions between TADs (“meta-TADs”) do align with the switch

in gene expression programs between mouse ES cells and neurons

(Fraser et al, 2015).

However, in the numerous examples of transcription factor-stabi-

lized looping emerging, not all loops are dynamically changing in

response to extracellular cues. Interactions involving gene promot-

ers and cognate enhancers can either be pre-established (“pre-

looped”; Ghavi-Helm et al, 2014; Cruz-Molina et al, 2017), fully

static, or dynamic in response to TNFa signaling (mediated by NF-

jB; Kolovos et al, 2016), during macrophage development (medi-

ated by AP-1; Phanstiel et al, 2017), differentiation of the epidermis

(mediated by ETS family factors; Rubin et al, 2017), upon adipogen-

esis (via both activators like C/EBP and co-repressors like NuRD;

Siersbæk et al, 2017), or by the homotypic interplay of poised and

active loops in the mouse HoxB locus (Barbieri et al, 2017). The

prevalence of pre-looped versus de novo enhancer–gene interactions

during gene induction might be locus- and cell type-dependent, with

either permissive or instructive regulatory principles dominating,

respectively. In this regard, the timely and robust first-time encoun-

ters between genes and their cognate enhancers can be facilitated by

either pre-formed contacts (Ghavi-Helm et al, 2014; Kolovos et al,

2016; Cruz-Molina et al, 2017) or increased mobility due to the

activity of the polymerase and/or cohesin (Busslinger et al, 2017;

Gu et al, 2018). Finally, along a time course of B-cell reprogram-

ming, it is transcription factors like Nanog that instruct loop and

TAD reorganization, often before changes in gene expression

(Stadhouders et al, 2018), but always concomitant with chromatin

remodeling and increased accessibility, which was shown to suffice

for altering nuclear organization (Therizols et al, 2014). In all the

above cases, CTCF occupancy and CTCF-based loops fail to fully

predict chromatin folding and its ensuing dynamics, while the key

predictor of architectural changes at multiple levels is the engage-

ment of genomic loci with transcription factors, chromatin remodel-

ers, and/or the RNA polymerase (even in its “poised” state; see

Fig 2). Still, for many of the aforementioned factors, conclusive

evidence demonstrating their instructive role in mediating long-

range interactions is still missing; gain-of-function approaches based

on tethering of candidate proteins (e.g., using dCas9-fusions) to

specific loci, as well as genetic deletion of specific transcription

factor-binding sites, might help in this respect.

Finally, insights on how these spatial interactions might give rise

to the contact maps seen by Hi-C come from simulations of chro-

matin folding that allow individual conformations to form. This is

important because chromatin folding in interphase nuclei seems to

be highly heterogeneous (as seen by single-cell Hi-C studies;

Flyamer et al, 2017; Nagano et al, 2017), while “ChromEMT” imag-

ing of native chromatin revealed a largely unstructured ~ 10-nm

fiber that forms loops and chromatin clusters differentially across

the cell population (Ou et al, 2017). Thus, even without invoking

“loop extrusion”, binding of proteins (simulated by spheres) to the

chromatin fiber (simulated by a string of beads) gives rise to loops.

Strikingly, chromatin-bound factors of the same “identity” will clus-

ter spontaneously to form multi-loop structures that explain much

of the structure seen in TADs and/or A-/B-compartments (Barbieri

et al, 2013; Brackley et al, 2016, 2017). Of course, this requires both

multivalency and “on/off” binding cycles from the protein factor

with a propensity to rebind the same cluster (as seen for Sox2 by

live cell imaging; Liu et al, 2014), and it appears that much of the

information required for the proper spatial folding of chromosomes

is encoded in the epigenetic profiles marking their active and inac-

tive stretches (Di Pierro et al, 2017), and even pure mechanical

forces can profoundly impact both epigenetic and higher order char-

acteristics of chromosomes (Le et al, 2016; Stephens et al, 2018).

Conclusions and outlook

The advances that the development of 3C technology, super-resolu-

tion imaging, and sophisticated in silico modeling has brought about

in the last decade now allow us to revisit essentially every aspect of

nuclear organization and function. Of course, and despite these

advances, a series of question remain unaddressed or need to be

reassessed under new light. To name a few: Can we identify new

factors (or new roles for known factors) that contribute to the

diverse repertoire of 3D genome folding? How does insulation occur

at boundaries between transcriptionally inactive TADs? Is there a

need for “bookmarking” of topological elements so that they may

serve as nucleating points for the re-emergence of 3D chromatin

folding after exit from mitosis? How would cells lacking important

architectural proteins, like CTCF and cohesin, respond if not tested
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under “steady-state” conditions, but rather if forced to execute a

switch in their gene expression program? What are the different

biophysical characteristics of the various micro-environments that

comprise the interphase nucleus, and how do these simultaneously

allow for robust yet heterogeneous transcriptional profiles in a cell

population? Working toward addressing such questions will allow

us to further dissect a fundamental question of modern biology:

How the spatio-temporal organization of chromosomes has evolved

to accommodate the functional needs of the different eukaryotic cell

types.

Acknowledgements
We would like to thank the members of our laboratories for discussions. We

apologize to colleagues whose work we could not cite due to space limitations.

This work was supported by CMMC core funding (to ARI and AP).

Conflict of interests
The authors declare that they have no conflict of interest.

References

Acemel RD, Tena JJ, Irastorza-Azcarate I, Marlétaz F, Gómez-Marín C, de la

Calle-Mustienes E, Bertrand S, Diaz SG, Aldea D, Aury JM, Mangenot S,

Holland PW, Devos DP, Maeso I, Escrivá H, Gómez-Skarmeta JL (2016) A

single three-dimensional chromatin compartment in amphioxus indicates

a stepwise evolution of vertebrate Hox bimodal regulation. Nat Genet 48:

336 – 341

Ay F, Bunnik EM, Varoquaux N, Bol SM, Prudhomme J, Vert JP, Noble WS, Le

Roch KG (2014) Three-dimensional modeling of the P. falciparum genome

during the erythrocytic cycle reveals a strong connection between

genome architecture and gene expression. Genome Res 24: 974 – 988

Aymard F, Aguirrebengoa M, Guillou E, Javierre BM, Bugler B, Arnould C,

Rocher V, Iacovoni JS, Biernacka A, Skrzypczak M, Ginalski K, Rowicka M,

Fraser P, Legube G (2017) Genome-wide mapping of long-range contacts

unveils clustering of DNA double-strand breaks at damaged active genes.

Nat Struct Mol Biol 24: 353 – 361

Bailey SD, Zhang X, Desai K, Aid M, Corradin O, Cowper-Sal Lari R, Akhtar-

Zaidi B, Scacheri PC, Haibe-Kains B, Lupien M (2015) ZNF143 provides

sequence specificity to secure chromatin interactions at gene promoters.

Nat Commun 2: 6186

Barbieri M, Fraser J, Lavitas LM, Chotalia M, Dostie J, Pombo A, Nicodemi M

(2013) A polymer model explains the complexity of large-scale chromatin

folding. Nucleus 4: 267 – 273

Barbieri M, Xie SQ, Torlai Triglia E, Chiariello AM, Bianco S, de Santiago I,

Branco MR, Rueda D, Nicodemi M, Pombo A (2017) Active and poised

promoter states drive folding of the extended HoxB locus in mouse

embryonic stem cells. Nat Struct Mol Biol 24: 515 – 524

Barutcu AR, Hong D, Lajoie BR, McCord RP, van Wijnen AJ, Lian JB, Stein JL,

Dekker J, Imbalzano AN, Stein GS (2016) RUNX1 contributes to higher-

order chromatin organization and gene regulation in breast cancer cells.

Biochim Biophys Acta 1859: 1389 – 1397

Barutcu AR, Maass PG, Lewandowski JP, Weiner CL, Rinn JL (2018) A TAD

boundary is preserved upon deletion of the CTCF-rich Firre locus. Nat

Commun 9: 1444

Beagan JA, Gilgenast TG, Kim J, Plona Z, Norton HK, Hu G, Hsu SC, Shields EJ, Lyu

X, Apostolou E, Hochedlinger K, Corces VG, Dekker J, Phillips-Cremins JE

(2016) Local genome topology can exhibit an incompletely rewired 3D-

folding state during somatic cell reprogramming. Cell Stem Cell 18: 611 – 624

Beagan JA, Duong MT, Titus KR, Zhou L, Cao Z, Ma J, Lachanski CV, Gillis DR,

Phillips-Cremins JE (2017) YY and CTCF orchestrate a 3D chromatin

looping switch during early neural lineage commitment. Genome Res 27:

1139 – 1152

Beagrie RA, Scialdone A, Schueler M, Kraemer DC, Chotalia M, Xie SQ, Barbieri

M, de Santiago I, Lavitas LM, Branco MR, Fraser J, Dostie J, Game L, Dillon

N, Edwards PA, Nicodemi M, Pombo A (2017) Complex multi-enhancer

contacts captured by genome architecture mapping. Nature 543: 519 – 524

Behera V, Evans P, Face CJ, Hamagami N, Sankaranarayanan L, Keller CA,

Giardine B, Tan K, Hardison RC, Shi J, Blobel GA (2018) Exploiting genetic

variation to uncover rules of transcription factor binding and chromatin

accessibility. Nat Commun 9: 782

Beltran M, Yates CM, Skalska L, Dawson M, Reis FP, Viiri K, Fisher CL, Sibley

CR, Foster BM, Bartke T, Ule J, Jenner RG (2016) The interaction of PRC2

with RNA or chromatin is mutually antagonistic. Genome Res 26: 896 – 907

Belyaeva A, Venkatachalapathy S, Nagarajan M, Shivashankar GV, Uhler C

(2017) Network analysis identifies chromosome intermingling regions as

regulatory hotspots for transcription. Proc Natl Acad Sci USA 114:

13714 – 13719

Blackledge NP, Farcas AM, Kondo T, King HW, McGouran JF, Hanssen LL, Ito

S, Cooper S, Kondo K, Koseki Y, Ishikura T, Long HK, Sheahan TW,

Brockdorff N, Kessler BM, Koseki H, Klose RJ (2014) Variant PRC1 complex-

dependent H2A ubiquitylation drives PRC2 recruitment and Polycomb

domain formation. Cell 157: 1445 – 1459

Boettiger AN, Bintu B, Moffitt JR, Wang S, Beliveau BJ, Fudenberg G, Imakaev M,

Mirny LA, Wu CT, Zhuang X (2016) Super-resolution imaging reveals distinct

chromatin folding for different epigenetic states. Nature 529: 418 – 422

Bonev B, Mendelson Cohen N, Szabo Q, Fritsch L, Papadopoulos GL, Lubling

Y, Xu X, Lv X, Hugnot JP, Tanay A, Cavalli G (2017) Multiscale 3D genome

rewiring during mouse neural development. Cell 171: 557 – 572

van Bortle K, Phanstiel DH, Snyder MP (2017) Topological organization and

dynamic regulation of human tRNA genes during macrophage

differentiation. Genome Biol 18: 180

Boulay G, Sandoval GJ, Riggi N, Iyer S, Buisson R, Naigles B, Awad ME,

Rengarajan S, Volorio A, McBride MJ, Broye LC, Zou L, Stamenkovic I,

Kadoch C, Rivera MN (2017) Cancer-specific retargeting of BAF complexes

by a prion-like domain. Cell 171: 163 – 178

Brackley CA, Johnson J, Kelly S, Cook PR, Marenduzzo D (2016) Simulated

binding of transcription factors to active and inactive regions folds human

chromosomes into loops, rosettes and topological domains. Nucleic Acids

Res 44: 3503 – 3512

Brackley CA, Liebchen B, Michieletto D, Mouvet F, Cook PR, Marenduzzo D

(2017) Ephemeral protein binding to DNA shapes stable nuclear bodies

and chromatin domains. Biophys J 112: 1085 – 1093

Brackley CA, Johnson J, Michieletto D, Morozov AN, Nicodemi M, Cook PR,

Marenduzzo D (2018) Extrusion without a motor: a new take on the loop

extrusion model of genome organization. Nucleus 9: 95 – 103

Brant L, Georgomanolis T, Nikolic M, Brackley CA, Kolovos P, van Ijcken W,

Grosveld FG, Marenduzzo D, Papantonis A (2016) Exploiting native forces

to capture chromosome conformation in mammalian cell nuclei. Mol Syst

Biol 12: 891

Busslinger GA, Stocsits RR, van der Lelij P, Axelsson E, Tedeschi A, Galjart N,

Peters JM (2017) Cohesin is positioned in mammalian genomes by

transcription, CTCF and Wapl. Nature 544: 503 – 507

Canela A, Maman Y, Jung S, Wong N, Callen E, Day A, Kieffer-Kwon KR,

Pekowska A, Zhang H, Rao SSP, Huang SC, Mckinnon PJ, Aplan PD,

8 of 12 Molecular Systems Biology 14: e8214 | 2018 ª 2018 The Authors

Molecular Systems Biology Forces driving 3D genome folding Alvaro Rada-Iglesias et al

Published online: June 1, 2018 



Pommier Y, Aiden EL, Casellas R, Nussenzweig A (2017) Genome

organization drives chromosome fragility. Cell 170: 507 – 521

Chambers EV, Bickmore WA, Semple CA (2013) Divergence of mammalian

higher order chromatin structure is associated with developmental loci.

PLoS Comput Biol 9: e1003017

Cheutin T, Cavalli G (2012) Progressive polycomb assembly on H3K27me3

compartments generates polycomb bodies with developmentally regulated

motion. PLoS Genet 8: e1002465

Cook PR, Brazell IA (1976) Conformational constraints in nuclear DNA. J Cell

Sci 22: 287 – 302

Cournac A, Koszul R, Mozziconacci J (2016) The 3D folding of metazoan

genomes correlates with the association of similar repetitive elements.

Nucleic Acids Res 44: 245 – 255

Crane E, Bian Q, McCord RP, Lajoie BR, Wheeler BS, Ralston EJ, Uzawa S,

Dekker J, Meyer BJ (2015) Condensin-driven remodelling of X chromosome

topology during dosage compensation. Nature 523: 240 – 244

Criscione SW, Teo YV, Neretti N (2016) The chromatin landscape of cellular

senescence. Trends Genet 32: 751 – 761

Cruz-Molina S, Respuela P, Tebartz C, Kolovos P, Nikolic M, Fueyo R, van

Ijcken WFJ, Grosveld F, Frommolt P, Bazzi H, Rada-Iglesias A (2017)

PRC2 facilitates the regulatory topology required for poised enhancer

function during pluripotent stem cell differentiation. Cell Stem Cell 20:

689 – 705

Dao LTM, Galindo-Albarrán AO, Castro-Mondragon JA, Andrieu-Soler C,

Medina-Rivera A, Souaid C, Charbonnier G, Griffon A, Vanhille L,

Stephen T, Alomairi J, Martin D, Torres M, Fernandez N, Soler E, van

Helden J, Puthier D, Spicuglia S (2017) Genome-wide characterization of

mammalian promoters with distal enhancer functions. Nat Genet 49:

1073 – 1081

Dekker J, Mirny L (2016) The 3D genome as moderator of chromosomal

communication. Cell 164: 1110 – 1121

Denholtz M, Bonora G, Chronis C, Splinter E, de Laat W, Ernst J, Pellegrini M,

Plath K (2013) Long-range chromatin contacts in embryonic stem cells

reveal a role for pluripotency factors and Polycomb proteins in genome

organization. Cell Stem Cell 13: 602 – 616

Denker A, de Laat W (2016) The second decade of 3C technologies: detailed

insights into nuclear organization. Genes Dev 30: 1357 – 1382

Di Pierro M, Cheng RR, Lieberman Aiden E, Wolynes PG, Onuchic JN (2017) De

novo prediction of human chromosome structures: epigenetic marking

patterns encode genome architecture. Proc Natl Acad Sci USA 114:

12126 – 12131

Dixon JR, Selvaraj S, Yue F, Kim A, Li Y, Shen Y, Hu M, Liu JS, Ren B (2012)

Topological domains in mammalian genomes identified by analysis of

chromatin interactions. Nature 485: 376 – 380

Dixon JR, Jung I, Selvaraj S, Shen Y, Antosiewicz-Bourget JE, Lee AY, Ye Z, Kim

A, Rajagopal N, Xie W, Diao Y, Liang J, Zhao H, Lobanenkov VV, Ecker JR,

Thomson JA, Ren B (2015) Chromatin architecture reorganization during

stem cell differentiation. Nature 518: 331 – 336

Dong P, Tu X, Chu PY, Lü P, Zhu N, Grierson D, Du B, Li P, Zhong S (2017) 3D

chromatin architecture of large plant genomes determined by local A/B

compartments. Mol Plant 10: 1497 – 1509

Eagen KP, Aiden EL, Kornberg RD (2017) Polycomb-mediated chromatin loops

revealed by a subkilobase-resolution chromatin interaction map. Proc Natl

Acad Sci USA 114: 8764 – 8769

Fan H, Lv P, Huo X, Wu J, Wang Q, Cheng L, Liu Y, Tang QQ, Zhang L, Zhang

F, Zheng X, Wu H, Wen B (2017) The nuclear matrix protein HNRNPU

maintains 3D genome architecture globally in mouse hepatocytes. Genome

Res 28: 192 – 202

Flavahan WA, Drier Y, Liau BB, Gillespie SM, Venteicher AS, Stemmer-

Rachamimov AO, Suvà ML, Bernstein BE (2016) Insulator dysfunction and

oncogene activation in IDH mutant gliomas. Nature 529: 110 – 114

Flyamer IM, Gassler J, Imakaev M, Brandão HB, Ulianov SV, Abdennur N,

Razin SV, Mirny LA, Tachibana-Konwalski K (2017) Single-nucleus Hi-C

reveals unique chromatin reorganization at oocyte-to-zygote transition.

Nature 544: 110 – 114

Franke M, Ibrahim DM, Andrey G, Schwarzer W, Heinrich V, Schöpflin R, Kraft

K, Kempfer R, Jerkovi�c I, Chan WL, Spielmann M, Timmermann B, Wittler L,

Kurth I, Cambiaso P, Zuffardi O, Houge G, Lambie L, Brancati F, Pombo A

et al (2016) Formation of new chromatin domains determines

pathogenicity of genomic duplications. Nature 538: 265 – 269

Fraser J, Ferrai C, Chiariello AM, Schueler M, Rito T, Laudanno G, Barbieri M,

Moore BL, Kraemer DC, Aitken S, Xie SQ, Morris KJ, Itoh M, Kawaji H,

Jaeger I, Hayashizaki Y, Carninci P, Forrest AR, FANTOM Consortium,

Semple CA et al (2015) Hierarchical folding and reorganization of

chromosomes are linked to transcriptional changes in cellular

differentiation. Mol Syst Biol 11: 852

Fudenberg G, Imakaev M, Lu C, Goloborodko A, Abdennur N, Mirny LA (2016)

Formation of chromosomal domains by loop extrusion. Cell Rep 15:

2038 – 2049

Gall J, Murphy C (1998) Pictures in cell biology. Lampbrush chromosomes

from sperm chromatin. Trends Cell Biol 8: 207

Ganji M, Shaltiel IA, Bisht S, Kim E, Kalichava A, Haering CH, Dekker C (2018) Real-

time imaging of DNA loop extrusion by condensin. Science 360: 102 – 105

Gassler J, Brandão HB, Imakaev M, Flyamer IM, Ladstätter S, Bickmore WA,

Peters JM, Mirny LA, Tachibana K (2017) A mechanism of cohesin-

dependent loop extrusion organizes zygotic genome architecture. EMBO J

36: 3600 – 3618

Germier T, Kocanova S, Walther N, Bancaud A, Shaban HA, Sellou H, Politi AZ,

Ellenberg J, Gallardo F, Bystricky K (2017) Real-time imaging of a single gene

reveals transcription-initiated local confinement. Biophys J 113: 1383 – 1394

Ghamari A, van de Corput MP, Thongjuea S, van Cappellen WA, van Ijcken W,

van Haren J, Soler E, Eick D, Lenhard B, Grosveld FG (2013) In vivo live

imaging of RNA polymerase II transcription factories in primary cells.

Genes Dev 27: 767 – 777

Ghavi-Helm Y, Klein FA, Pakozdi T, Ciglar L, Noordermeer D, Huber W,

Furlong EE (2014) Enhancer loops appear stable during development and

are associated with paused polymerase. Nature 512: 96 – 100

Grau DJ, Chapman BA, Garlick JD, Borowsky M, Francis NJ, Kingston RE (2011)

Compaction of chromatin by diverse Polycomb group proteins requires

localized regions of high charge. Genes Dev 25: 2210 – 2221

Grob A, Colleran C, McStay B (2014) Construction of synthetic nucleoli in

human cells reveals how a major functional nuclear domain is formed

and propagated through cell division. Genes Dev 28: 220 – 230

Gu B, Swigut T, Spencley A, Bauer MR, Chung M, Meyer T, Wysocka J (2018)

Transcription-coupled changes in nuclear mobility of mammalian cis-

regulatory elements. Science 359: 1050 – 1055

Guerreiro I, Gitto S, Novoa A, Codourey J, Nguyen Huynh TH, Gonzalez F,

Milinkovitch MC, Mallo M, Duboule D (2016) Reorganisation of Hoxd

regulatory landscapes during the evolution of a snake-like body plan. Elife

5: e16087

Guo Y, Xu Q, Canzio D, Shou J, Li J, Gorkin DU, Jung I, Wu H, Zhai Y, Tang Y,

Lu Y, Wu Y, Jia Z, Li W, Zhang MQ, Ren B, Krainer AR, Maniatis T, Wu Q

(2015) CRISPR inversion of CTCF sites alters genome topology and

enhancer/promoter function. Cell 162: 900 – 910

Haarhuis JHI, van der Weide RH, Blomen VA, Yáñez-Cuna JO, Amendola M,

van Ruiten MS, Krijger PHL, Teunissen H, Medema RH, van Steensel B,

ª 2018 The Authors Molecular Systems Biology 14: e8214 | 2018 9 of 12

Alvaro Rada-Iglesias et al Forces driving 3D genome folding Molecular Systems Biology

Published online: June 1, 2018 



Brummelkamp TR, de Wit E, Rowland BD (2017) The cohesin release

factor WAPL restricts chromatin loop extension. Cell 169: 693 – 707

Hansen AS, Pustova I, Cattoglio C, Tjian R, Darzacq X (2017) CTCF and cohesin

regulate chromatin loop stability with distinct dynamics. Elife 6: e25776

Hilbert L, Sato Y, Kimura H, Jülicher F, Honigmann A, Zaburdaev V,

Vastenhouw N (2017) Transcription establishes microenvironments that

organize euchromatin. bioRxiv https://doi.org/10.1101/234112 [PREPRINT]

Hnisz D, Weintraub AS, Day DS, Valton AL, Bak RO, Li CH, Goldmann J, Lajoie

BR, Fan ZP, Sigova AA, Reddy J, Borges-Rivera D, Lee TI, Jaenisch R, Porteus

MH, Dekker J, Young RA (2016) Activation of proto-oncogenes by

disruption of chromosome neighborhoods. Science 351: 1454 – 1458

Hnisz D, Shrinivas K, Young RA, Chakraborty AK, Sharp PA (2017) A phase

separation model for transcriptional control. Cell 169: 13 – 23

Hsu SC, Gilgenast TG, Bartman CR, Edwards CR, Stonestrom AJ, Huang P,

Emerson DJ, Evans P, Werner MT, Keller CA, Giardine B, Hardison RC, Raj

A, Phillips-Cremins JE, Blobel GA (2017) The BET protein BRD2 cooperates

with CTCF to enforce transcriptional and architectural boundaries. Mol

Cell 66: 102 – 116

Huang J, Li K, Cai W, Liu X, Zhang Y, Orkin SH, Xu J, Yuan GC (2018)

Dissecting super-enhancer hierarchy based on chromatin interactions. Nat

Commun 9: 943

Hug CB, Grimaldi AG, Kruse K, Vaquerizas JM (2017) Chromatin architecture

emerges during zygotic genome activation independent of transcription.

Cell 169: 216 – 228

Hult C, Adalsteinsson D, Vasquez PA, Lawrimore J, Bennett M, York A, Cook D,

Yeh E, Forest MG, Bloom K (2017) Enrichment of dynamic chromosomal

crosslinks drive phase separation of the nucleolus. Nucleic Acids Res 45:

11159 – 11173

Isono K, Endo TA, Ku M, Yamada D, Suzuki R, Sharif J, Ishikura T, Toyoda T,

Bernstein BE, Koseki H (2013) SAM domain polymerization links

subnuclear clustering of PRC1 to gene silencing. Dev Cell 26: 565 – 577

Jackson DA, Dickinson P, Cook PR (1990) The size of chromatin loops in HeLa

cells. EMBO J 9: 567 – 571

Javierre BM, Burren OS, Wilder SP, Kreuzhuber R, Hill SM, Sewitz S, Cairns J,

Wingett SW, Várnai C, Thiecke MJ, Burden F, Farrow S, Cutler AJ,

Rehnström K, Downes K, Grassi L, Kostadima M, Freire-Pritchett P, Wang

F; BLUEPRINT Consortium et al (2016) Lineage-specific genome

architecture links enhancers and non-coding disease variants to target

gene promoters. Cell 167: 1369 – 1384

Jin F, Li Y, Dixon JR, Selvaraj S, Ye Z, Lee AY, Yen CA, Schmitt AD, Espinoza CA,

Ren B (2013) A high-resolution map of the three-dimensional chromatin

interactome in human cells. Nature 503: 290 – 294

Joshi O, Wang SY, Kuznetsova T, Atlasi Y, Peng T, Fabre PJ, Habibi E, Shaik J,

Saeed S, Handoko L, Richmond T, Spivakov M, Burgess D, Stunnenberg HG

(2015) Dynamic reorganization of extremely long-range promoter-

promoter interactions between two states of pluripotency. Cell Stem Cell

17: 748 – 757

Ke Y, Xu Y, Chen X, Feng S, Liu Z, Sun Y, Yao X, Li F, Zhu W, Gao L, Chen H,

Du Z, Xie W, Xu X, Huang X, Liu J (2017) 3D chromatin structures of

mature gametes and structural reprogramming during mammalian

embryogenesis. Cell 170: 367 – 381

Kim S, Liachko I, Brickner DG, Cook K, Noble WS, Brickner JH, Shendure J,

Dunham MJ (2017) The dynamic three-dimensional organization of the

diploid yeast genome. Elife 6: e23623

Kimura H, Sugaya K, Cook PR (2002) The transcription cycle of RNA

polymerase II in living cells. J Cell Biol 159: 777 – 782

Knoch TA, Wachsmuth M, Kepper N, Lesnussa M, Abuseiris A, Ali Imam AM,

Kolovos P, Zuin J, Kockx CEM, Brouwer RWW et al (2016) The detailed 3D

multi-loop aggregate/rosette chromatin architecture and functional

dynamic organization of the human and mouse genomes. Epigenetics

Chromatin 9: 58

Kolovos P, Georgomanolis T, Koeferle A, Larkin JD, Brant L, Nikolic M, Gusmao

EG, Zirkel A, Knoch TA, van Ijcken WF, Cook PR, Costa IG, Grosveld FG,

Papantonis A (2016) Binding of nuclear factor jB to noncanonical

consensus sites reveals its multimodal role during the early inflammatory

response. Genome Res 26: 1478 – 1489

Krijger PH, Di Stefano B, de Wit E, Limone F, van Oevelen C, de Laat W, Graf

T (2016) Cell-of-origin-specific 3D genome structure acquired during

somatic cell reprogramming. Cell Stem Cell 18: 597 – 610

Kubo N, Ishii H, Gorkin D, Meitinger F, Xiong X, Fang R, Liu T, Ye Z, Li B,

Dixon JR, Desai A, Zhao H, Ren B (2017) Preservation of chromatin

organization after acute loss of CTCF in mouse embryonic stem cells.

bioRxiv https://doi.org/10.1101/118737 [PREPRINT]

Kundu S, Ji F, Sunwoo H, Jain G, Lee JT, Sadreyev RI, Dekker J, Kingston RE

(2017) Polycomb repressive complex 1 generates discrete compacted

domains that change during differentiation. Mol Cell 65: 432 – 446

Larkin JD, Cook PR, Papantonis A (2012) Dynamic reconfiguration of long

human genes during one transcription cycle. Mol Cell Biol 32: 2738 – 2747

Larson AG, Elnatan D, Keenen MM, Trnka MJ, Johnston JB, Burlingame AL, Agard

DA, Redding S, Narlikar GJ (2017) Liquid droplet formation by HP1a suggests

a role for phase separation in heterochromatin. Nature 547: 236 – 240

Le Dily F, Baù D, Pohl A, Vicent GP, Serra F, Soronellas D, Castellano G, Wright

RH, Ballare C, Filion G, Marti-Renom MA, Beato M (2014) Distinct

structural transitions of chromatin topological domains correlate with

coordinated hormone-induced gene regulation. Genes Dev 28: 2151 – 2162

Le HQ, Ghatak S, Yeung CY, Tellkamp F, Günschmann C, Dieterich C,

Yeroslaviz A, Habermann B, Pombo A, Niessen CM, Wickström SA (2016)

Mechanical regulation of transcription controls Polycomb-mediated gene

silencing during lineage commitment. Nat Cell Biol 18: 864 – 875

Le TB, Laub MT (2016) Transcription rate and transcript length drive formation

of chromosomal interaction domain boundaries. EMBO J 35: 1582 – 1595

Lee K, Hsiung CC, Huang P, Raj A, Blobel GA (2015) Dynamic enhancer-gene

body contacts during transcription elongation. Genes Dev 29: 1992 – 1997

Li G, Ruan X, Auerbach RK, Sandhu KS, Zheng M, Wang P, Poh HM, Goh Y,

Lim J, Zhang J, Sim HS, Peh SQ, Mulawadi FH, Ong CT, Orlov YL, Hong S,

Zhang Z, Landt S, Raha D, Euskirchen G et al (2012) Extensive promoter-

centered chromatin interactions provide a topological basis for

transcription regulation. Cell 148: 84 – 98

Li L, Lyu X, Hou C, Takenaka N, Nguyen HQ, Ong CT, Cubeñas-Potts C, Hu M,

Lei EP, Bosco G, Qin ZS, Corces VG (2015) Widespread rearrangement of

3D chromatin organization underlies polycomb-mediated stress-induced

silencing. Mol Cell 58: 216 – 231

Lieberman-Aiden E, van Berkum NL, Williams L, Imakaev M, Ragoczy T,

Telling A, Amit I, Lajoie BR, Sabo PJ, Dorschner MO, Sandstrom R,

Bernstein B, Bender MA, Groudine M, Gnirke A, Stamatoyannopoulos J,

Mirny LA, Lander ES, Dekker J (2009) Comprehensive mapping of long-

range interactions reveals folding principles of the human genome.

Science 326: 289 – 293

Lioy VS, Cournac A, Marbouty M, Duigou S, Mozziconacci J, Espéli O, Boccard

F, Koszul R (2018) Multiscale structuring of the E. coli chromosome by

nucleoid-associated and condensin proteins. Cell 172: 771 – 783

Liu Z, Legant WR, Chen BC, Li L, Grimm JB, Lavis LD, Betzig E, Tjian R (2014)

3D imaging of Sox2 enhancer clusters in embryonic stem cells. Elife 3:

e04236

Lupiáñez DG, Kraft K, Heinrich V, Krawitz P, Brancati F, Klopocki E, Horn D,

Kayserili H, Opitz JM, Laxova R, Santos-Simarro F, Gilbert-Dussardier B,

10 of 12 Molecular Systems Biology 14: e8214 | 2018 ª 2018 The Authors

Molecular Systems Biology Forces driving 3D genome folding Alvaro Rada-Iglesias et al

Published online: June 1, 2018 

https://doi.org/10.1101/234112
https://doi.org/10.1101/118737


Wittler L, Borschiwer M, Haas SA, Osterwalder M, Franke M, Timmermann

B, Hecht J, Spielmann M et al (2015) Disruptions of topological chromatin

domains cause pathogenic rewiring of gene-enhancer interactions. Cell

161: 1012 – 1025

Marenduzzo D, Finan K, Cook PR (2006) The depletion attraction: an

underappreciated force driving cellular organization. J Cell Biol 175:

681 – 686

Mizuguchi T, Fudenberg G, Mehta S, Belton JM, Taneja N, Folco HD,

FitzGerald P, Dekker J, Mirny L, Barrowman J, Grewal SIS (2014) Cohesin-

dependent globules and heterochromatin shape 3D genome architecture

in S. pombe. Nature 516: 432 – 435

Nagano T, Lubling Y, Várnai C, Dudley C, Leung W, Baran Y, Mendelson

Cohen N, Wingett S, Fraser P, Tanay A (2017) Cell-cycle dynamics of

chromosomal organization at single-cell resolution. Nature 547: 61 – 67

Narendra V, Bulaji�c M, Dekker J, Mazzoni EO, Reinberg D (2016) CTCF-

mediated topological boundaries during development foster appropriate

gene regulation. Genes Dev 30: 2657 – 2662

Nasmyth K (2011) Cohesin: a catenase with separate entry and exit gates?

Nat Cell Biol 13: 1170 – 1177

Nora EP, Lajoie BR, Schulz EG, Giorgetti L, Okamoto I, Servant N, Piolot T, van

Berkum NL, Meisig J, Sedat J, Gribnau J, Barillot E, Blüthgen N, Dekker J,

Heard E (2012) Spatial partitioning of the regulatory landscape of the X-

inactivation centre. Nature 485: 381 – 385

Nora EP, Goloborodko A, Valton AL, Gibcus JH, Uebersohn A, Abdennur N,

Dekker J, Mirny LA, Bruneau BG (2017) Targeted degradation of CTCF

decouples local insulation of chromosome domains from genomic

compartmentalization. Cell 169: 930 – 944

Olivares-Chauvet P, Mukamel Z, Lifshitz A, Schwartzman O, Elkayam NO,

Lubling Y, Deikus G, Sebra RP, Tanay A (2016) Capturing pairwise and

multi-way chromosomal conformations using chromosomal walks. Nature

540: 296 – 300

Ou HD, Phan S, Deerinck TJ, Thor A, Ellisman MH, O’Shea CC (2017)

ChromEMT: visualizing 3D chromatin structure and compaction in

interphase and mitotic cells. Science 357: eaag0025

Papantonis A, Kohro T, Baboo S, Larkin JD, Deng B, Short P, Tsutsumi S, Taylor S,

Kanki Y, Kobayashi M, Li G, Poh HM, Ruan X, Aburatani H, Ruan Y, Kodama T,

Wada Y, Cook PR (2012) TNFa signals through specialized factories where

responsive coding and miRNA genes are transcribed. EMBO J 31: 4404 – 4414

Papantonis A, Cook PR (2013) Transcription factories: genome organization

and gene regulation. Chem Rev 113: 8683 – 8705

Phanstiel DH, Van Bortle K, Spacek D, Hess GT, Shamim MS, Machol I, Love

MI, Aiden EL, Bassik MC, Snyder MP (2017) Static and dynamic DNA loops

form AP-1-bound activation hubs during macrophage development. Mol

Cell 67: 1037 – 1048

Phillips-Cremins JE, Sauria ME, Sanyal A, Gerasimova TI, Lajoie BR, Bell JS,

Ong CT, Hookway TA, Guo C, Sun Y, Bland MJ, Wagstaff W, Dalton S,

McDevitt TC, Sen R, Dekker J, Taylor J, Corces VG (2013) Architectural

protein subclasses shape 3D organization of genomes during lineage

commitment. Cell 153: 1281 – 1295

Racko D, Benedetti F, Dorier J, Stasiak A (2018) Transcription-induced supercoiling

as the driving force of chromatin loop extrusion during formation of TADs in

interphase chromosomes. Nucleic Acids Res 46: 1648–1660

Rao SS, Huntley MH, Durand NC, Stamenova EK, Bochkov ID, Robinson JT,

Sanborn AL, Machol I, Omer AD, Lander ES, Aiden EL (2014) A 3D map of

the human genome at kilobase resolution reveals principles of chromatin

looping. Cell 159: 1665 – 1680

Rao SSP, Huang SC, Glenn St Hilaire B, Engreitz JM, Perez EM, Kieffer-Kwon

KR, Sanborn AL, Johnstone SE, Bascom GD, Bochkov ID, Huang X, Shamim

MS, Shin J, Turner D, Ye Z, Omer AD, Robinson JT, Schlick T, Bernstein BE

et al (2017) Cohesin loss eliminates all loop domains. Cell 171: 305 – 320

Rennie S, Dalby M, van Duin L, Andersson R (2018) Transcriptional

decomposition reveals active chromatin architectures and cell specific

regulatory interactions. Nat Commun 9: 487

Rowley MJ, Nichols MH, Lyu X, Ando-Kuri M, Rivera ISM, Hermetz K, Wang P,

Ruan Y, Corces VG (2017) Evolutionarily conserved principles predict 3D

chromatin organization. Mol Cell 67: 837 – 852

Rubin AJ, Barajas BC, Furlan-Magaril M, Lopez-Pajares V, Mumbach MR,

Howard I, Kim DS, Boxer LD, Cairns J, Spivakov M, Wingett SW, Shi M, Zhao

Z, Greenleaf WJ, Kundaje A, Snyder M, Chang HY, Fraser P, Khavari PA (2017)

Lineage-specific dynamic and pre-established enhancer-promoter contacts

cooperate in terminal differentiation. Nat Genet 49: 1522 – 1528

Salzler HR, Tatomer DC, Malek PY, McDaniel SL, Orlando AN, Marzluff WF,

Duronio RJ (2013) A sequence in the Drosophila H3-H4 promoter triggers

histone locus body assembly and biosynthesis of replication-coupled

histone mRNAs. Dev Cell 24: 623 – 634

Saxena M, San Roman AK, O’Neill NK, Sulahian R, Jadhav U, Shivdasani RA

(2018) Transcription factor-dependent ‘anti-repressive’ mammalian

enhancers exclude H3K27me3 from extended genomic domains. Genes Dev

31: 2391 – 2404

Schmidt D, Wilson MD, Ballester B, Schwalie PC, Brown GD, Marshall A,

Kutter C, Watt S, Martinez-Jimenez CP, Mackay S, Talianidis I, Flicek P,

Odom DT (2010) Five-vertebrate ChIP-seq reveals the evolutionary

dynamics of transcription factor binding. Science 328: 1036 – 1040

Schmitt AD, Hu M, Jung I, Xu Z, Qiu Y, Tan CL, Li Y, Lin S, Lin Y, Barr CL, Ren

B (2016) A compendium of chromatin contact maps reveals spatially

active regions in the human genome. Cell Rep 17: 2042 – 2059

Schoenfelder S, Sugar R, Dimond A, Javierre BM, Armstrong H, Mifsud B,

Dimitrova E, Matheson L, Tavares-Cadete F, Furlan-Magaril M, Segonds-

Pichon A, Jurkowski W, Wingett SW, Tabbada K, Andrews S, Herman B,

LeProust E, Osborne CS, Koseki H, Fraser P et al (2015) Polycomb

repressive complex PRC1 spatially constrains the mouse embryonic stem

cell genome. Nat Genet 47: 1179 – 1186

Schwarzer W, Abdennur N, Goloborodko A, Pekowska A, Fudenberg G, Loe-

Mie Y, Fonseca NA, Huber W, H Haering C, Mirny L, Spitz F (2017) Two

independent modes of chromatin organization revealed by cohesin

removal. Nature 551: 51 – 56

Sexton T, Yaffe E, Kenigsberg E, Bantignies F, Leblanc B, Hoichman M, Parrinello

H, Tanay A, Cavalli G (2012) Three-dimensional folding and functional

organization principles of the Drosophila genome. Cell 148: 458 – 472

Siersbæk R, Madsen JGS, Javierre BM, Nielsen R, Bagge EK, Cairns J, Wingett

SW, Traynor S, Spivakov M, Fraser P, Mandrup S (2017) Dynamic rewiring

of promoter-anchored chromatin loops during adipocyte differentiation.

Mol Cell 66: 420 – 435

Soler-Oliva ME, Guerrero-Martínez JA, Bachetti V, Reyes JC (2017) Analysis of

the relationship between coexpression domains and chromatin 3D

organization. PLoS Comput Biol 13: e1005708

Stadhouders R, Vidal E, Serra F, Di Stefano B, Le Dily F, Quilez J, Gomez A,

Collombet S, Berenguer C, Cuartero Y, Hecht J, Filion GJ, Beato M, Marti-

Renom MA, Graf T (2018) Transcription factors orchestrate dynamic

interplay between genome topology and gene regulation during cell

reprogramming. Nat Genet 50: 238 – 249

Stephens AD, Liu PZ, Banigan EJ, Almassalha LM, Backman V, Adam SA,

Goldman RD, Marko JF (2018) Chromatin histone modifications and rigidity

affect nuclear morphology independent of lamins. Mol Biol Cell 29: 220 – 233

Stevens TJ, Lando D, Basu S, Atkinson LP, Cao Y, Lee SF, Leeb M, Wohlfahrt KJ,

Boucher W, O’Shaughnessy-Kirwan A, Cramard J, Faure AJ, Ralser M,

ª 2018 The Authors Molecular Systems Biology 14: e8214 | 2018 11 of 12

Alvaro Rada-Iglesias et al Forces driving 3D genome folding Molecular Systems Biology

Published online: June 1, 2018 



Blanco E, Morey L, Sansó M, Palayret MGS, Lehner B, Di Croce L, Wutz A

et al (2017) 3D structures of individual mammalian genomes studied by

single-cell Hi-C. Nature 544: 59 – 64

Strom AR, Emelyanov AV, Mir M, Fyodorov DV, Darzacq X, Karpen GH (2017)

Phase separation drives heterochromatin domain formation. Nature 547:

241 – 245

Symmons O, Uslu VV, Tsujimura T, Ruf S, Nassari S, Schwarzer W, Ettwiller L,

Spitz F (2014) Functional and topological characteristics of mammalian

regulatory domains. Genome Res 24: 390 – 400

Symmons O, Pan L, Remeseiro S, Aktas T, Klein F, Huber W, Spitz F (2016)

The Shh topological domain facilitates the action of remote enhancers by

reducing the effects of genomic distances. Dev Cell 39: 529 – 543

Taberlay PC, Achinger-Kawecka J, Lun AT, Buske FA, Sabir K, Gould CM,

Zotenko E, Bert SA, Giles KA, Bauer DC, Smyth GK, Stirzaker C, O’Donoghue

SI, Clark SJ (2016) Three-dimensional disorganization of the cancer

genome occurs coincident with long-range genetic and epigenetic

alterations. Genome Res 26: 719 – 731

Tanizawa H, Kim KD, Iwasaki O, Noma KI (2017) Architectural alterations of

the fission yeast genome during the cell cycle. Nat Struct Mol Biol 24:

965 – 976

Therizols P, Illingworth RS, Courilleau C, Boyle S, Wood AJ, Bickmore WA

(2014) Chromatin decondensation is sufficient to alter nuclear

organization in embryonic stem cells. Science 346: 1238 – 1242

Thibodeau A, Márquez EJ, Shin DG, Vera-Licona P, Ucar D (2017) Chromatin

interaction networks revealed unique connectivity patterns of broad

H3K4me3 domains and super enhancers in 3D chromatin. Sci Rep 7: 14466

Ulianov SV, Khrameeva EE, Gavrilov AA, Flyamer IM, Kos P, Mikhaleva EA,

Penin AA, Logacheva MD, Imakaev MV, Chertovich A, Gelfand MS,

Shevelyov YY, Razin SV (2016) Active chromatin and transcription play a

key role in chromosome partitioning into topologically associating

domains. Genome Res 26: 70 – 84

Uusküla-Reimand L, Hou H, Samavarchi-Tehrani P, Rudan MV, Liang M,

Medina-Rivera A, Mohammed H, Schmidt D, Schwalie P, Young EJ, Reimand

J, Hadjur S, Gingras AC, Wilson MD (2016) Topoisomerase II beta interacts

with cohesin and CTCF at topological domain borders. Genome Biol 17: 182

Vietri Rudan M, Barrington C, Henderson S, Ernst C, Odom DT, Tanay A,

Hadjur S (2015) Comparative Hi-C reveals that CTCF underlies evolution of

chromosomal domain architecture. Cell Rep 10: 1297 – 1309

Vieux-Rochas M, Fabre PJ, Leleu M, Duboule D, Noordermeer D (2015)

Clustering of mammalian Hox genes with other H3K27me3 targets within

an active nuclear domain. Proc Natl Acad Sci USA 112: 4672 – 4677

Wada Y, Ohta Y, Xu M, Tsutsumi S, Minami T, Inoue K, Komura D, Kitakami J,

Oshida N, Papantonis A, Izumi A, Kobayashi M, Meguro H, Kanki Y,

Mimura I, Yamamoto K, Mataki C, Hamakubo T, Shirahige K, Aburatani H

et al (2009) A wave of nascent transcription on activated human genes.

Proc Natl Acad Sci USA 106: 18357 – 18361

Wang H, Maurano MT, Qu H, Varley KE, Gertz J, Pauli F, Lee K, Canfield T,

Weaver M, Sandstrom R, Thurman RE, Kaul R, Myers RM,

Stamatoyannopoulos JA (2012) Widespread plasticity in CTCF occupancy

linked to DNA methylation. Genome Res 22: 1680 – 1688

Wani AH, Boettiger AN, Schorderet P, Ergun A, Münger C, Sadreyev RI, Zhuang

X, Kingston RE, Francis NJ (2016) Chromatin topology is coupled to

Polycomb group protein subnuclear organization. Nat Commun 7: 10291

Weintraub AS, Li CH, Zamudio AV, Sigova AA, Hannett NM, Day DS, Abraham

BJ, Cohen MA, Nabet B, Buckley DL, Guo YE, Hnisz D, Jaenisch R, Bradner

JE, Gray NS, Young RA (2017) YY1 is a structural regulator of enhancer-

promoter loops. Cell 171: 1573 – 1588

Wendt KS, Yoshida K, Itoh T, Bando M, Koch B, Schirghuber E, Tsutsumi S,

Nagae G, Ishihara K, Mishiro T, Yahata K, Imamoto F, Aburatani H, Nakao

M, Imamoto N, Maeshima K, Shirahige K, Peters JM (2008) Cohesin

mediates transcriptional insulation by CCCTC-binding factor. Nature 451:

796 – 801

van de Werken HJG, Haan JC, Feodorova Y, Bijos D, Weuts A, Theunis K,

Holwerda SJB, Meuleman W, Pagie L, Thanisch K, Kumar P, Leonhardt H,

Marynen P, van Steensel B, Voet T, de Laat W, Solovei I, Joffe B (2017)

Small chromosomal regions position themselves autonomously according

to their chromatin class. Genome Res 27: 922 – 933

Wijchers PJ, Krijger PHL, Geeven G, Zhu Y, Denker A, Verstegen MJAM, Valdes-

Quezada C, Vermeulen C, Janssen M, Teunissen H, Anink-Groenen LCM,

Verschure PJ, de Laat W (2016) Cause and consequence of tethering a

subTAD to different nuclear compartments. Mol Cell 61:

461 – 473

de Wit E, Bouwman BA, Zhu Y, Klous P, Splinter E, Verstegen MJ, Krijger PH,

Festuccia N, Nora EP, Welling M, Heard E, Geijsen N, Poot RA, Chambers I,

de Laat W (2013) The pluripotent genome in three dimensions is shaped

around pluripotency factors. Nature 501: 227 – 231

de Wit E, Vos ES, Holwerda SJ, Valdes-Quezada C, Verstegen MJ, Teunissen H,

Splinter E, Wijchers PJ, Krijger PH, de Laat W (2015) CTCF binding polarity

determines chromatin looping. Mol Cell 60: 676 – 684

Wu P, Li T, Li R, Jia L, Zhu P, Liu Y, Chen Q, Tang D, Yu Y, Li C (2017) 3D

genome of multiple myeloma reveals spatial genome disorganization

associated with copy number variations. Nat Commun 8: 1937

Wutz G, Várnai C, Nagasaka K, Cisneros DA, Stocsits RR, Tang W,

Schoenfelder S, Jessberger G, Muhar M, Hossain MJ, Walther N, Koch B,

Kueblbeck M, Ellenberg J, Zuber J, Fraser P, Peters JM (2017)

Topologically associating domains and chromatin loops depend on

cohesin and are regulated by CTCF, WAPL, and PDS5 proteins. EMBO J

36: 3573 – 3599

Yan J, Chen SA, Local A, Liu T, Qiu Y, Dorighi KM, Preissl S, Rivera CM, Wang

C, Ye Z, Ge K, Hu M, Wysocka J, Ren B (2018) Histone H3 lysine 4

monomethylation modulates long-range chromatin interactions at

enhancers. Cell Res 28: 204 – 220

Yusufzai TM, Tagami H, Nakatani Y, Felsenfeld G (2004) CTCF tethers an

insulator to subnuclear sites, suggesting shared insulator mechanisms

across species. Mol Cell 13: 291 – 298

Zhan Y, Mariani L, Barozzi I, Schulz EG, Blüthgen N, Stadler M, Tiana G,

Giorgetti L (2017) Reciprocal insulation analysis of Hi-C data shows that

TADs represent a functionally but not structurally privileged scale in the

hierarchical folding of chromosomes. Genome Res 27: 479 – 490

Zuin J, Dixon JR, van der Reijden MI, Ye Z, Kolovos P, Brouwer RW, van de

Corput MP, van de Werken HJ, Knoch TA, van IJcken WF, Grosveld FG, Ren

B, Wendt KS (2014) Cohesin and CTCF differentially affect chromatin

architecture and gene expression in human cells. Proc Natl Acad Sci USA

111: 996 – 1001

License: This is an open access article under the

terms of the Creative Commons Attribution 4.0

License, which permits use, distribution and reproduc-

tion in any medium, provided the original work is

properly cited.

12 of 12 Molecular Systems Biology 14: e8214 | 2018 ª 2018 The Authors

Molecular Systems Biology Forces driving 3D genome folding Alvaro Rada-Iglesias et al

Published online: June 1, 2018 


